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approximately 1 Å, limited only by electronic and thermal
noise in the system. High-resolution imaging, therefore, allows molecular scale features to be identified in the native
environment of the sample and in real time. High-resolution
images of normal and diseased states can be compared,
providing insight into molecular reorganizations not observable by other techniques. In the vision sciences, AFM highresolution imaging has been used in the imaging of the
ommatidium surface of Diptera compound eyes, the imaging
of rhodopsin in the native membrane, and the imaging of
aquaporin in both a normal and a cataractous lens capsule.26 –32
In addition to high-resolution imaging, the AFM is able to
exert and measure forces on the order of piconewtons. This
feature provides the ability to probe mechanical properties,
including obtaining a local elastic modulus of a surface, measuring modulus variations across a sample surface, and measuring ligand-receptor interactions. The ability to explore the
mechanical properties of biological materials and surfaces in
their native state is essential for a complete characterization of
the material and an understanding of how biophysical cues,
such as substrate modulus, influence cell behaviors. It has been
demonstrated that cells respond to the mechanical properties
of the underlying substrate.33–35 In particular, fibroblasts and
osteoblasts change their stiffness by cytoskeletal reorganization
to adapt to changes in substrate modulus.36,37 Substrate modulus also affects cellular orientation and alignment, migration,
proliferation and differentiation.35,38 – 46 A change in the substrate modulus is thought to play a role in disease development
and, in particular, may have implications for vascular disease,34
muscle diseases,39,47–50 osteoarthritis,51 liver fibrosis,52,53 and
tumor cell migration.54
Several techniques have been used to measure mechanical
properties of biological materials. As an example, in the vision
sciences, tensile testing and bulge testing have been used to
determine the elastic modulus of the cornea. These techniques
measure the properties of a sample in its entirety. AFM, however, has the force sensitivity and the spatial resolution necessary to measure the local modulus of a very soft sample surface
and to investigate sample heterogeneities across small size
scales. AFM has been successfully used for determining the
mechanical properties of many tissues and cells,19,55– 65 imaging of biological membranes,3,5,21 analyzing protein structure,66 and probing molecular interactions.9,57,67–70 This
review will describe how mechanical properties measurements have impacted vision sciences, including studies on
the lens, the corneal basement membranes, the trabecular
meshwork and its role in glaucoma (Russell P, et al. IOVS.
2010;50:ARVO E-Abstract 3205), mucin interactions, melanosomes of the human retinal pigment epithelium, and
recoverin interactions with lipid bilayers.71–75 The purpose
of this review is to describe the operation of AFM as it
applies to vision science and to examine the studies that
have used AFM to explore fundamental questions in vision
research.
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The atomic force microscope (AFM) is widely used in materials
science and has found many applications in biological sciences
but has been limited in use in vision science. The AFM can be
used to image the topography of soft biological materials in
their native environments. It can also be used to probe the
mechanical properties of cells and extracellular matrices, including their intrinsic elastic modulus and receptor-ligand interactions. In this review, the operation of the AFM is described along with a review of how it has been thus far used in
vision science. It is hoped that this review will serve to stimulate vision scientists to consider incorporating AFM as part of
their research toolkit. (Invest Ophthalmol Vis Sci. 2010;51:
6083– 6094) DOI:10.1167/iovs.10-5470

A

lthough atomic force microscopy (AFM) has found increasing use in the physical and biological sciences, it has been
underused in vision science. Since 1990, the number of citations of AFM in the physical sciences has dramatically increased (Fig. 1A). The number of research publications making
use of AFM to investigate biological processes has also increased, though not at the same rate as in the physical sciences. The number of publications using AFM in vision
science has seen only a very slight increase in the past 15
years, suggesting an unrealized potential of AFM in this field
(Fig. 1B). AFM is a very powerful technique for the biological sciences, allowing samples to be imaged in situ in
physiological conditions. Although it is outside the scope of
this review to provide a comprehensive review of AFM in
the biological sciences, many reviews exist that describe the
uses and advantages of AFM for biological materials, many of
which are referenced here.1–25 The AFM has several advantages over electron microscopy in the study of biological
materials, including the ability to image in liquid with minimal sample preparation (no labeling, fixing, or coating).
The AFM also allows the topographic characterization of
surfaces at resolutions not achievable by optical microscopy. An optical microscope is limited by the diffraction
limit of light; the achievable lateral resolution of the AFM is
limited by the tip size and shape and is typically on the order
of a few nanometers. The height (z) resolution of the AFM is
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FIGURE 1. Plots showing the incidence of publications using the term AFM since 1990. (A) PubMed search terms “AFM” and “AFM and cell.” (B)
PubMed search terms “AFM and cell” and “AFM and eye or cornea or sclera or lens or retina or RPE.”

AFM OPERATION
AFM was developed in 1986 to eliminate the need for a conductive sample, as was required with the scanning tunneling
microscope.76 Although many reviews, as well as tutorials
provided by instrument manufacturers, have provided an in
depth discussion of the operation of the AFM and the available
imaging modes, a brief description will be provided
here.4,10,77,78 The AFM can be used for both topographical
imaging and force measurements. Topographical imaging involves scanning the cantilever/tip across the sample surface
(Fig. 2). A laser beam is reflected off the back of the cantilever,
and small changes in cantilever deflection are detected with a
position-sensitive photodiode detector. This deflection is processed by the system electronics to determine topological
height changes on the sample surface. The achievable lateral
resolution depends on the details of the tip geometry but can
approach sub-nanometer levels, whereas the height resolution
is sub-angstrom. Imaging can be accomplished with either
contact mode or tapping mode, and both modes can be used in
either air or fluid. The tip is in constant contact with the
sample surface in contact mode, whereas in tapping mode the
cantilever is oscillated as it is rastered across the sample surface, reducing the lateral forces on the sample and consequently reducing sample damage. The tapping mode is, there-
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fore, more commonly used when imaging very soft materials.
With the introduction of the tapping mode fluid cell in 1994,79
allowing the tapping mode to be used with samples under
fluid, the AFM was increasingly used for the imaging of soft
biological materials and for application to answer questions in
the biological sciences.
An AFM force curve is a plot of the deflection of the
cantilever as the tip is brought into contact with the sample.
The force curve is taken at a single location on the sample
surface. Force curves can be used to measure mechanical
properties such as elastic modulus, which is a measure of the
stiffness of a material or its tendency to deform elastically
under an applied force, or adhesion. Force measurements have
been used extensively in the characterization of biological
materials.1,8 –10,23,55,63– 65,80,81 In addition, many force curves
can be obtained within a set scan size to obtain a force map of
the surface.8,82 Force maps allow for discovery of surface
heterogeneities in mechanical properties and can correlate
those features with topographic features. Ligand-receptor interactions can also be measured with this technique.
A typical force curve on a soft sample is shown in Figure 3.
When the tip is not in contact with the surface, the force curve
shows a straight, horizontal line approach (A in Fig. 3). When
the tip comes into contact with a soft sample the force curve
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FIGURE 2. Schematic of the operation of the AFM. To obtain an image, a cantilever is scanned over the
sample surface. A laser beam is deflected off the back of the cantilever, and changes in deflection are
monitored with a photodiode detector. Reprinted with permission
from Asylum Research (Santa Barbara, CA).
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common tip geometries used for AFM nanoindentation are
conical (equation 2) and spherical (equation 3):
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FIGURE 3. A typical force curve obtained from a soft sample. The z
position of the cantilever is plotted on the x-axis and the cantilever
deflection is plotted on the y-axis. Solid line: cantilever deflection as
the cantilever approaches the surface. Dashed line: cantilever deflection on retraction from the surface. When the tip is not in contact with
the surface the force curve shows a straight, horizontal line approach
(A). When the tip comes into contact with a soft sample the force
curve shows a gradual increase in the cantilever deflection (B). The
cantilever deflection will continue to increase until the tip is moved away
from the sample (C). When the tip is no longer in contact with the sample,
the force curve is again a horizontal line (D). Values for the initial contact
point of the tip with the sample (zo, do) and the cantilever deflection and
z piezo position (z, d) are obtained from the force curve and used in the
Hertz analysis to determine the elastic modulus.

shows a gradual increase in the cantilever deflection (B in Fig.
3). The cantilever deflection will continue to increase until the
tip is moved away from the sample (C in Fig. 3). When the tip
is no longer in contact with the sample, the force curve is again
a horizontal line (D in Fig. 3). Any adhesion or interaction of
the tip with the surface will be observed in the retraction force
curve. The interaction force associated with this pull-off can be
calculated using the equation F ⫽ k(d ⫺ do), where k is the
cantilever spring constant and d ⫺ do is the cantilever deflection.
On a hard surface, the cantilever deflection on approach
will be equal to the movement of the piezo in the z direction
(denoted as z), with z ⫽ d. On a soft sample, however, the
cantilever will both deflect and indent into the sample surface
as z is increased. Values obtained from the force curve are z,
zo, d, and do, where z is the piezo displacement, d is the
cantilever deflection, and zo and do are the values at initial
contact of the tip with the sample. These values can be used to
calculate the indentation depth, which is given by:

␦ ⫽ 共z ⫺ z o兲 ⫺ 共d ⫺ do兲

(1)

The elastic modulus of the biological sample can be calculated
by fitting the force curve with an appropriate theoretical
model. Most biological materials can be modeled as perfectly
elastic at typical indentation rates and depths, and the Hertz
model is most often used to determine modulus. The assumptions and concerns associated with the use of this equation are
discussed in the following section. The Hertz model provides a
relationship between the loading force and the indentation and
has a specific form for each tip shape.83,84 The two most

where F is the loading force,  is Poisson’s ratio (assumed to be
0.5), ␦ is the indentation depth, and E is the elastic modulus.
The half- opening angle of a conical indenter is ␣, and for
spherical indenters R is the radius of the tip. With these
equations and the knowledge that F ⫽ k (d ⫺ do), the equations can be solved for the elastic modulus E. The value of E
can then be plotted for each point on the force curve as a
function of indentation depth. The elastic modulus will be
constant as a function of indentation depth when there is no
contribution from the substrate or a stiffening of the sample.
The advantages and disadvantages of the different tip geometries will be discussed in a later section.

ASSUMPTIONS

AND

CHALLENGES

There are many assumptions that must hold for an accurate
modulus determination with the Hertz model, including that
the material is linear elastic, homogeneous, and infinitely thick,
with no adhesion or attraction between the tip and the sample.
Care must be taken to ensure that the sample in question can
be described within these assumptions or that the deviations
from these assumptions are considered. Although most biological materials have viscoelastic properties, at the indentation
rates (2 m/s) and depths (⬍100 nm) typically used in AFM
nanoindentation, the force curves can be consistent with a
linear elastic material and an elastic modulus can be defined. If
the force curves show any indication of viscoelasticity (hysteresis in the loading and unloading curves in the force curve) or
sample adhesion, it may not be appropriate to use the Hertz
model or to define an elastic modulus. The range of indentation
depths that can be accurately modeled is also dependent on
the sample thickness. For soft or thin samples (and larger
indentation depths), the influence of the substrate on the
measured elastic modulus must be considered. The elastic
modulus can be plotted as a function of indentation depth, and
it can be verified that the elastic modulus is independent of
indentation depth for at least small indentation depths. An
increase in modulus with indentation depth may be indicative
of an increasing contribution from the substrate.
It is also important to note that the AFM measures the
modulus at the surface of the material and may be more
accurately termed local modulus. Measuring a local modulus
can be advantageous for certain experiments. For example,
this allows a determination of the substrate elastic modulus a
cell would sense on the surface of the substrate. Additionally,
any heterogeneity in modulus across the substrate can be
observed by obtaining a force map. It should also be noted that
with the AFM, the modulus is measured in compression as the
AFM tip is indented into the sample surface. The modulus
measured with AFM may, therefore, be different from that
obtained from other techniques, such as tensile testing, because of the differences in the direction of applied strain and
any anisotropy of the sample. In addition, tensile testing measures the modulus of the sample in its entirety, whereas the
AFM will be sensitive to changes in the mechanical properties
between the surface and the bulk.
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The Hertz equation also requires accurate knowledge of the
initial contact point of the tip with the sample. This value can
be difficult to determine from the force curves, particularly
when there is tip-sample attraction or there is water or a
contamination layer on the sample surface that the tip senses
before it comes in contact with the surface. The Hertz equation
can be fitted to the experimental data with two unknowns in
the equation, fitting for both E and zo, the initial contact point.
This eliminates the need to choose the value of zo manually.
The user must still be aware that changes in the value of zo can
significantly affect the calculated modulus value.
Accurate determination of the elastic modulus requires accurate calibration of the system, including the scanner and the
cantilever. Calibration of the scanner must be checked periodically with an appropriate calibration grid for the size of the
scanner. Each cantilever must also be calibrated so that the
deflection sensitivity and the spring constant are known.
The deflection sensitivity (nm/V) is found by taking a force
curve on a hard surface, with no indentation into the surface. In this case d ⫽ z, and the sensitivity is the slope of the
deflection (d) versus z force curve. The deflection sensitivity
must be calculated each time the laser is realigned on the
cantilever. The spring constant must also be determined for
each cantilever because the actual value may vary significantly from the nominal value provided by the manufacturer. There are several techniques that have been used to
measure spring constants.85–96 The advantages and disadvantages of each available method have been reviewed by
Clifford and Seah.97 Two popular methods are the Sader
method, an equation that relates the spring constant to the
length and width of the cantilever and the cantilever’s resonant frequency, and the thermal tune method, which measures the cantilever’s response to thermal noise.90,92–94 In
some instruments, the thermal tune method has been incorporated into the instrument hardware and software.

Tip and Cantilever Selection
and Tip Functionalization
Proper choice of both cantilever stiffness and geometry of the
incorporated tip are necessary for successful application of the
AFM. Commercially available cantilevers have spring constants
ranging from 0.006 N/m to 200 N/m. To avoid surface damage
of delicate biological samples, imaging in contact mode, in
either air or fluid, requires cantilevers with low spring constants, typically ⬍0.2 N/m. As mentioned previously, tapping
mode is more generally used when imaging soft, biological
samples. A low spring constant cantilever is also used for
tapping mode in fluid, whereas a stiffer cantilever (typically
approximately 45 N/m) is needed for tapping mode in air to
reduce noise. Low spring constant cantilevers also provide
better deflection resolution, with a larger deflection for a given
force, necessary for measuring intermolecular interactions,
which typically range from 10⫺12 N to 10⫺7 N. The tip can be
functionalized with molecules, proteins, or cells, and the interactions of these tips with a surface of interest can be obtained. Several reviews are available describing these types of
experiments.1–3,5,98 –100
AFM cantilevers with varying tip shapes are available. The
standard geometry is of an integrated pyramidal tip with an end
radius of 20 to 30 nm; sharper tips are also available. Sharper
tips have the advantage of producing images with higher resolution. Sharper tips, however, have been shown to quickly
deteriorate during scanning of cells, most likely because of tip
contamination and blunting. Additionally, sharper tips have
been associated with inducing increased damage to the cell
surface.101 Spheres can be attached to the end of the cantilever
and used as the tip. Although not useful for imaging because of
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poor resolution, these types of tip-cantilever configurations are
often used for nanoindentation experiments to acquire information on the mechanical properties of the surface being
probed, with a larger sample area included in the analysis. The
sphere allows for nanoindentation with a well-defined tip geometry, simplifying analysis. The sphere size can also be chosen to probe the desired surface area. For example, in one
report, a sphere with a 1-m radius was chosen to probe the
corneal basement membranes to include the contributions
from several collagen fibrils and to avoid probing the properties of a single fiber as well as to mimic the dimensions of a
typical focal adhesion with the contact area of the tip.73

AFM Combined with Optical or
Spectroscopic Techniques
The AFM has been integrated with various optical and spectroscopic techniques, such as bright-field microscopy, epifluorescence, surface interference microscopy, scanning confocal laser microscopy (SCLM), Raman spectroscopy, total internal
reflection fluorescence, and fluorescence lifetime imaging microscopy.26,101–112 Integration of these techniques allows the
high-resolution imaging capabilities of the AFM to be used in
conjunction with the chemical specificity available with optical techniques. This area of research is very active; a large
supporting literature and an in-depth review lies outside the
scope of this paper. It is obvious, however, that the integration
of AFM with complementary techniques will find increasing
use in the characterization of biological molecules and interfaces and will impact many areas of biological research. In a
recent example, combined AFM and SCLM were used to detect
the tyrosine kinase B (TrkB) receptors in hippocampus neurons.105 The location of the fluorescently labeled TrkB receptors could be correlated with AFM images acquired of the
cellular structure. It was determined in this study that the TrkB
receptors were highly populated in the center of the neuron
but less populated along the edges. This type of correlation
would not be possible with either technique alone. Such an
approach could be used in spatially mapping the distribution of
focal adhesions during corneal epithelial cell migration and
correlation to spatial differences in cell compliance.
In addition to fluorescence labeling, receptors have also
been labeled with superparamagnetic microbeads and imaged
with magnetic AFM (MFM).113 MFM provides many of the same
advantages of optical techniques, presenting a means to correlate surface topographical imaging with chemical specificity.
The magnetic interactions, however, are long-ranged, allowing
the microbeads to be imaged up to 150 nm from the surface.
This technique may find future application in the imaging of
receptors after a process in which they are internalized in the
membrane.
In an example from vision science research, an instrument
with integrated AFM-Raman spectroscopy was used to image
the ommatidial surfaces of compound eyes.26 This combined
approach was used to characterize the differences in topography among species and to probe compositional variations. This
example will be described in more detail in the following
section.

AFM Studies of the Eye
Ocular Surface. One of the most studied tissues of the eye
from a number of species has been the ocular surface. In one
study, the integration of AFM with Raman spectroscopy and
surface-enhanced Raman spectroscopy (SERS) has provided a
means to differentiate topographic and chemical differences in
the ommatidial surfaces between species.26 For example, AFM
was used to determine that the ommatidial surface of the
species Chrysopilus testaceipes consists of a cerebral cortex-
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like ridge structure. Other species, however, have vastly different topographies, including a smooth surface, a surface with
nodule-like bumps, a relatively flat surface with pits and
grooves, and a surface with series of bumps arranged to form
ridges.
The integration with Raman spectroscopy reveals that there
is also variation in surface composition between the tops of the
ridges and the troughs of C. testaceipes ommatidial surface,
with the ridges showing more hydrophobicity and more protein while the troughs have more carbonyl functionality. These
results may provide insight into how differences in topography
and composition contribute to differences in function, such as
in anti-reflection and surface wetting.
Mucins. The ability of the AFM to provide both topological
and force data is elegantly shown in the study of mucins.71,114 –116
Mucin samples have been characterized as polydispersive,
making it difficult to separate and describe the varying conformations with a small amount of sample. AFM, however, is
capable of distinguishing individual mucins and acquiring
information on the sample heterogeneity. In one study, the
AFM has allowed investigation of the intramolecular conformational heterogeneity of gene products from one specific
mucin gene (MUC5AC, a gel-forming mucin), revealing three
distinct conformational populations (Fig. 4A).115,116 From
the acquired images, it was possible to identify heterogeneity in polymer length and in flexibility. The three conformations observed were a stiff, extended polymer (I in Fig. 4A),
a long, thick, coiled polymer, and a small, thin, flexible
polymer (III in Fig. 4A).
The involvement of mucins in both adhesive and nonadhesive functions prompted the use of AFM to study mucin-mica
and mucin-mucin interactions.71 Force curves obtained with a
mucin-coated tip on a mica surface showed many adhesion
events, with adhesion force increasing with the addition of
cations (Fig. 4B). Details obtained from the force curves, such as

A
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mucin detachment distances from the surface, suggest that the
mucins exist as aggregates on the tip. The attraction of the mucin
with the mica surface was suggested to be due to the hydrophobic interactions between the peptide core and the mica and
through a cation bridge between the negatively charged mucins and the negatively charged mica surface. However, no
mucin-mucin interactions were observed when the mucincoated tip was brought into contact with a mucin gel. It was
suggested that this observation may be due to the electrostatic
repulsion of the negatively charged oligosaccharides on the
mucins. The lack of adhesion between mucins is observed
during blinking, with the mucin on the upper lid gliding over
the mucin covering the cornea.
Cornea. Early work of AFM on the mammalian cornea
focused on the collagen fibrils of the cornea and fibrils from the
sclera.117–124 The AFM was able to resolve individual collagen
fibrils and provide structural details, such as diameter and the
axial D-periodicity. Although this information can be obtained
from electron microscopy, the sample preparation for AFM is
less destructive and does not require sample coating or drying.
Comparing the structures of the corneal collagen fibrils with
the scleral collagen fibrils reveals a difference in the structures
that may be necessary for the transparency of the cornea.
Corneal epithelial and endothelial cells and surfaces have
been characterized with AFM.125–128 The AFM again has the
advantage that structural details can be observed under physiological conditions without destructive sample preparation,
which may affect the result. The AFM, therefore, provides a
complementary technique with which to verify the accuracy of
measurements taken with electron microscopy. The importance of imaging these samples without fixation is highlighted
in the following studies. An early study examined rabbit corneal epithelium in both fixed and unfixed tissue. It was concluded that fixed tissue gave sharper images with AFM, but
surface features were sometimes lost as a result of fixation.128
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FIGURE 4. (A) AFM image of the affinity-purified mucins highlighting examples of two polymer types, labeled I and III. 1200 ⫻ 1200 nm scan size,
z-range 3 nm. Reprinted with permission from Round AN, McMaster TJ, Miles MJ, Corfield AP, Berry M. The isolated MUC5AC gene product from
human ocular mucin displays intramolecular conformational heterogeneity. Glycobiology. 2007;17:578 –585. The Society for Glycobiology. (B)
Examples of force-distance retract curves for mucin-mica interactions. Force curves in I and III were taken without added cations, with dwell times
of 0 s and 5 seconds, respectively. Force curves II and IV were taken with the addition of Ni(II) cations and with dwell times of 0 seconds and 5
seconds, respectively. Both detachment (short jumps) and single molecule stretching (arrows) were observed in the force curves. The number of
detachment events and the prevalence of the stretching events increased with the addition of the cations. Reprinted with permission from Berry
M, McMaster TJ, Corfield AP, Miles MJ. Exploring the molecular adhesion of ocular mucins. Biomacromolecules. 2001;2:498 –503. Copyright 2001
American Chemical Society.
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In an in vitro study, conjunctival epithelial cells and corneal
fibroblasts and epithelial cells were compared.127 This study
showed that structural differences were observed between the
fixed and unfixed cells, with a loss of surface features on the
fixed cells.
The human corneal anterior basement membrane and Descemet’s membrane are the surfaces directly in contact with
the epithelial and endothelial cell layers, respectively. Our
laboratory has characterized the topography of these corneal
basement membranes and related AFM results to images captured with scanning electron microscopy (SEM) and transmission electron microscopy (TEM; Fig. 5).129 All three complementary imaging modalities provided similar measurements of
feature dimensions. Obtaining data with AFM as well SEM and
TEM allows verification that the sample preparation involved
with these techniques has not substantially affected the surface
topography. It was found that the basement membranes consist of a felt-like arrangement of fibers, bumps, and pores with
feature sizes in the nanoscale and submicron range. Although
the anterior basement membrane and Descemet’s membrane
have a similar topological appearance, features in the anterior
basement membrane are larger and less densely packed. The
profound impact of topography on corneal cell response has
been reported. In particular, nanoscale to submicron topo-
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FIGURE 5. AFM tapping mode images of the human cornea. (A) AFM
image of the surface of the anterior basement membrane. (B) AFM
image of the surface of Descemet’s membrane. These images reveal
that the structural features of Descemet’s membrane and smaller and
more dense that those of the anterior basement membrane. Reprinted
with permission from Abrams GA, Schaus SS, Goodman SL, Nealey PF,
Murphy CJ. Nanoscale topography of the corneal epithelial basement
membrane and Descemet’s membrane of the human. Cornea. 2000;
19:57– 64. Copyright 2000 Lippincott Williams & Wilkins, Inc.

graphic features have been shown to influence corneal epithelial cell alignment,130 adhesion,131 migration,132 and proliferation.133
In addition to sensing substrate topography, cells sense and
respond to the mechanical properties of the underlying substrate.33–35 Although SEM and TEM can be useful for obtaining
nanoscale topographic data, the mechanical properties of the
sample must be obtained without sample drying or fixing. A
variety of techniques have been used to measure mechanical
properties of the cornea, such as tensile testing and bulge
testing. These methods, however, do not have the force sensitivity necessary to measure the mechanical properties of
distinct spatially limited regions within the cornea such as the
basement membranes or Bowman’s layer. The AFM can
uniquely provide the elastic modulus measurements of these
layers. The value obtained for the modulus of the anterior
basement membrane was 7.5 ⫾ 4.2 kPa, whereas the modulus
obtained on Descemet’s membrane was 47.6 ⫾ 16.5 kPa (Fig. 6).73
Although the topography of Descemet’s membrane has characteristics similar to those of the anterior basement membrane,
the topographic measurements reveal smaller pore sizes in
Descemet’s membrane, which creates a more compact structure. This important structural difference is consistent with the
observed differences in elastic modulus. Mimicking the topographic and mechanical differences in these layers may be
critical in the design of prosthetics. Results such as these have
also been useful in directing the subsequent design and fabrication of synthetic substrates with biomimetic biophysical attributes for the study of cellular behaviors. Probing the mechanical properties of tissues can also provide insight into a
disease state. In our laboratory, experiments are under way to
characterize the elastic modulus of the human trabecular meshwork (HTM) (Russell P, et al. IOVS 2010;50:ARVO E-Abstract
3205). The HTM is responsible for regulating the aqueous
humor outflow. Stiffening of the HTM may contribute to the
increase in intraocular pressure and, therefore, the progression
of glaucoma. The average value of the elastic modulus from six
normal donor HTM samples was 3.5 kPa, whereas the average
modulus from six glaucomatous HTMs was 108.7 kPa. This
represents approximately a 30-fold increase in the stiffness of
the HTM with glaucoma.
Cornea and Photoablation. The epithelial surface has
also been characterized before and after excimer laser photoablation in both human and porcine corneas.134 –136 It was
found that the photoablated surface was less regular and had
increased surface roughness. In one study, both Bowman’s
layer and stroma were characterized after photoablation. Bowman’s layer remained smooth, whereas the stromal surface
increased in roughness (Fig. 7). In addition, AFM of the corneal
surface after low-temperature laser treatment of the cornea
found that though there was a loss of organization of the
collagen bundles in the area of the treatment, there was no
denaturation of the collagen fibers.137
Lens. The elastic modulus of the intact primate lens has
been measured by AFM to have a mean value of 1.720 kPa.74
The authors note that although the tip indented the lens capsule, the measured modulus also included a contribution from
the epithelial cells and the softer, underlying cortex. These
measurements were largely taken in the central region of the
lens, and it would be of interest to determine whether the
modulus varied in different regions such as the equatorial area
compared with the central area. Investigating the mechanical
properties of the lens at different ages may provide insight into
the development of presbyopia.
The topography of lenses has been investigated with AFM.
Imaging of rabbit lenses provided structural details, including
fiber height and width, of fibers from both the nuclear and the
cortical regions.138 This study was performed with fixed tissue,
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FIGURE 6. Schematic of the human
cornea identifying the epithelium, the
anterior basement membrane, Bowman’s layer, the stroma, Descemet’s
membrane and the endothelium. The
elastic modulus of the anterior basement membrane and Descemet’s
membrane were determined by AFM
to be 7.5 kPa and 50 kPa, respectively.
Reprinted with permission from Last
JA, Liliensiek SJ, Nealey PF, Murphy CJ.
Determining the mechanical properties of human corneal basement membranes with atomic force microscopy.
J Struct Biol. 2009;167:19 –24. Copyright 2009 Elsevier.
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so it is unclear whether the topography of these regions is
similar to the unfixed lens in situ. In a publication from the
same group, the topographies of normal and cataractous canine lenses were compared, revealing a loss of structure in the
epithelium during cataract progression.139
Several intriguing studies of the lens were conducted on
native and cataractous lens fiber membranes.27,28,31 In these
studies, the focus of the work centered on aquaporin 0. This
protein represents approximately 50% of the membrane protein of the lens. Previously, this protein was named MIP or
MP26. Aquaporin 0 is present in nonjunctional membranes in
the lens, where it can form water pores, as well as at the thin
junctions of the cells, where water conduction is not thought
to occur. Proteolysis of the cytoplasmic amino and carboxyl

FIGURE 7. AFM images of the human cornea after laser ablation.
(A) AFM image of Bowman’s layer after 55 pulses. Bowman’s layer is
relatively smooth after the photoablation. (B) AFM image of the stroma
after 320 pulses. The stromal surface becomes relatively rough after
photoablation. The stromal layers can be identified. Reprinted with
permission from Nógrádi A, Hopp B, Révész K, Szabó G, Bor Z,
Kolozsvari L. Atomic force microscopic study of the human cornea
after excimer laser keratectomy. Exp Eye Res. 2000;70:363–368. Copyright 2000 Elsevier.
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terminals occurs during maturation of the fiber cells and results
in the junctional aquaporin that is the closed form of this
protein. Using the AFM to examine the topography of extracellular aquaporin, Buzhynskyy et al.28 imaged the extracellular
loop of amino acids 35 to 38 and showed that there is a shift in
the localization of this loop when aquaporin went from the
junctional to the nonjunctional form. In normal lenses, they
also showed that aquaporins formed square arrays surrounded
by connexins. On examining cataractous lenses, they found
that aquaporin tetramers had no associated connexins, suggesting the lack of transport between cells in the cataractous lens
(Fig. 8).27
Rhodopsin. Rhodopsin is a G-protein– coupled receptor
present in the rods of the retina. When a photon of light
interacts with rhodopsin in the photoreceptors, the 11-cis
retinal associated with opsin is altered. This initiates the phototransduction cascade, resulting in an electrical signal to the
brain. In one study, the organization of rhodopsin in rod outer
segment disc membranes from mouse retina was investigated
with AFM in physiological conditions.29,30,140 High-resolution
AFM images revealed that rhodopsin is arranged in dimers
within paracrystalline domains. Although the dimer structure
had been previously inferred, this report provided the first
experimental evidence of the dimer structure. The AFM has
also been used to access the stability of rhodopsin within the
membrane with single-molecule force spectroscopy.141 These
experiments involved bringing an AFM tip on top of a single
rhodopsin molecule, resulting in an attachment of the molecule to the AFM tip. Pulling the AFM tip away from the membrane unfolded the molecule, revealing that rhodopsin could
be characterized by structural segments, each within conserved sequence motifs of G-protein– coupled receptors. This
result suggests that these segments play a role in the stabilization of rhodopsin within the membrane.
Bacteriorhodopsin, a proton pump, can be obtained as
two-dimensional crystalline patches, or purple membrane,
from Halobacterium salinarium. The structure of the bacteriorhodopsin within the membrane has been well characterized with AFM.142–147 These studies use high-resolution AFM
imaging to obtain structural information at the molecular level
in physiological conditions. It has been observed that conformational changes occurred within the membrane on illumination of the surface with white light.147,148 In one study an
increase in the thickness of the membrane on illumination was
monitored with an AFM tip, and a second study observed
structural changes in the high-resolution images of the membrane after illumination. In both cases, the changes were reversible.
A second protein from H. salinarium can also be purified
from the purple membrane and prepared on a substrate as a

6090

Last et al.

IOVS, December 2010, Vol. 51, No. 12

FIGURE 8. High-resolution topograph
of AQP0 junction arrays in the cataract
lens membrane. No connexon was
found at the AQP0 microdomain edges
(arrows). Reprinted with permission
from Buzhynskyy N, Girmens JF, Faigle
W, Scheuring S. Human cataract lens
membrane at subnanometer resolution. J Mol Biol. 2007;374:162–169.
Copyright 2007 Elsevier.

two-dimensional crystal. High-resolution AFM imaging was
used to characterize surface structure, and it was found that
the structure was dependent on the imaging force used, indicating differences in the stiffness over the surface of the membrane.
In addition to structural characterization, AFM force spectroscopy has been used to investigate the forces necessary to
unfold and refold individual molecules in the membrane149 –151
and to determine the surface charge and surface potential of
the crystals.152–156 In addition, variations occurred in tip-sample interactions between the cytoplasmic side and the extracellular side of the membrane, with the cytoplasmic side having an apparent dome-like topography as a result of a strong
tip-surface interaction with a long delay length.157 For a more
in-depth look, Engel and Gaub have provided an excellent
review on both the structural and the mechanical characterization of these membranes.142
Recoverin. AFM force measurements were used in the
study of recoverin. Recoverin is a Ca2⫹-binding protein found
in the photoreceptors of the eye that plays a role in the
adaptation of the eye after exposure to light. Binding of Ca2⫹
to the recoverin leads to a change in orientation of the myristoyl adduct and is, therefore, termed a Ca2⫹-myristoyl switch.
The interactions between recoverin, which can be myristoylated at the N-terminal, and a lipid bilayer were recorded in the
presence and absence of Ca2⫹.75 AFM showed that when Ca2⫹
was present, an adhesive force of 48 pN was measured between recoverin and the bilayers, but no binding was observed
in the absence of this ion or with nonmyristoylated recoverin.
The results from this study reveal that the binding of recoverin
to the membrane is controlled by the myristoyl group.
Bruch’s Membrane. Both topographic imaging and force
measurements have been used to characterize Bruch’s membrane.158 –160 In one study, a topographic image of the collagen
fibers on the surface of Bruch’s membrane was acquired. The
adsorption of a collagen-binding peptide to this surface was
also investigated with AFM, revealing that the peptide was
bound to the groove of the collagen fiber.159 The ability to
modify the surface of Bruch’s membrane and thereby aid the
attachment of retinal pigment epithelial cells is critical in the
treatment of age-related macular degeneration.
AFM force spectroscopy with force mapping was also used
to further characterize Bruch’s membrane.160 Although both
the structural and the chemical changes in the collagen have
been investigated as they relate to the disease state, this study
examined the adhesive properties of the collagen surface. AFM
tips were modified with -COOH, -OH, -CH3, and -NH2 to map
changes in adhesion across the membrane. With single-tip
functionality the force maps reveal differences in adhesion
across the surface that has been attributed to the arrangement

of the collagen fibers. Although the statistical significance between measurements is questionable, the authors report that
the highest mean adhesion was observed with the -COOH and
-NH2 functionalized tips, attributed to the presence of hydrogen bonding and electrostatic interactions, respectively.160
Retinal Cells. AFM force maps were also used to characterize the mechanical properties of human retinal pigment
epithelium melanosomes from a 14-year-old donor and from a
76-year-old donor to evaluate potential age-related changes.72
These studies revealed that though the average Young’s moduli
of both sets of melanosomes were similar (12 and 16 MPa), the
distribution of the modulus values was narrower for the 14year-old samples. The modulus of the younger sample ranged
from 5 MPa to 38 MPa, with the largest percentage of the data
between 7 and 15 kPa. The modulus range from the older
sample was similar, but with a more even distribution of the
data between 5 MPa and 27 MPa. These modulus values are
much larger than those typically observed for cells, suggesting
a high packing density for the melanosomes. In addition, the
older sample had a larger percentage of adhesive sites, as
observed in the force curves. The adhesion is believed to be
due to the presence of lipofuscin on the surface, with its
presence confirmed with photoelectron emission spectroscopy. The increased presence of lipofuscin on the older sample
may account for some of the age-related changes in the adsorption, fluorescence, and reactivity of the melanosomes.
As with the cornea, understanding the behavior of retinal
cells on synthetic surfaces is critical for tissue engineering
applications. Although cell attachment and proliferation on the
synthetic surfaces can be monitored with optical microscopy,
AFM can be used to quantitatively determine the nanoscale
roughness of the surface. As previously mentioned, it is known
that the biophysical properties of a substrate can have a profound effect on cell behavior.130 –133 Changes in topography
can be visualized with SEM, but AFM can easily provide quantitative roughness data. In particular, AFM, along with other
complementary techniques, has been used to characterize the
surfaces of polyhydroxymethylsiloxane and poly(hydroxybutyrate-co-hydroxyvalerate) substrates before and after surface
treatments, including plasma treatments and ion irradiation, as
substrates for bovine retinal cells (pericytes) and the retinal
pigment epithelial cell line (D407), respectively.161,162
Inner Limiting Membrane. The mechanical properties
of the chick and mouse retinal inner limiting membrane
(ILM) during development have been determined with AFM.
An increase from 0.95 MPa to 3.30 MPa was reported for
chick ILM between embryonic days 4 and 9.163 A similar
increase was observed for the embryonic and adult mouse
ILM, increasing from 3.81 MPa to 4.07 MPa. There was also
an increase in the thickness of the chick ILM, from 137 nm
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on day 5 to 402 nm on day 9. The changes suggest that the
basement membrane undergoes significant structural
changes during development.

CONCLUSIONS
Although AFM is underutilized in vision research, many questions in vision science can be addressed by use of this technique. The ability of the AFM to provide high-resolution images
and to sense small forces in the sample’s native environment
make this technique invaluable in the characterization of biological materials. Currently, the AFM has been used in vision
research to determine the function of proteins within a cell
membrane with high-resolution imaging, to explore and quantify ligand-receptor interactions, to characterize how nanoscale
topography affects cellular behaviors, to determine the mechanical properties of tissues and cells in their native environment, and to help understand how a change in physical properties correlates with disease state. The AFM can be used alone
or can be combined with other optical and spectroscopic
techniques to provide complementary information, creating an
even more powerful tool. The application of AFM will benefit
evolving programs in cell, stem cell, and tissue engineering,
with application to vision science.
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